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Cellulose is a biopolymer of considerable economic importance. It is synthesised by the cellulose
synthase complex (CSC) in species ranging from bacteria to higher plants. Enormous progress in our
understanding of bacterial cellulose synthesis has come with the recent publication of both the crystal
structure and biochemical characterisation of a puriﬁed complex able to synthesis cellulose in vitro. A
model structure of a plant CESA protein suggests considerable similarity between the bacterial and plant
cellulose synthesis. In this review article we will cover current knowledge of how plant CESA proteins
synthesise cellulose. In particular the focus will be on the lessons learned from the recent work on the
catalytic mechanism and the implications that new data on cellulose structure has for the assembly of
CESA proteins into the large complex that synthesis plant cellulose microﬁbrils.
 2014 The Authors. Published by Elsevier Ltd. This is an open access article under the CC BY license
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Cellulose is most abundant biopolymer on the planet. It is a
ubiquitous component of vascular plants but is also found in many
lower plants including some algae, Oomcytes, tunicates as well as
numerous bacterial species (Kimura and Itoh, 1995; Lin and
Aronson, 1970; Romling, 2002). Mankind has utilised cellulose in
daily life for millennia as it is a major component of cotton(>90%) and wood (>50%). Moreover, as we are running out of fossil
fuels, attention has turned towards renewable energy sources.
Cellulosic ethanol has immense potential as an alternative to fossil
fuels and this has been a major driving force for recent research
into the ﬁeld.
There are some excellent review articles on the subject of cellu-
lose biosynthesis (Carroll and Somerville, 2009; Endler and
Persson, 2011; Li et al., 2014; Mutwil et al., 2008; Richmond and
Somerville, 2000; Somerville, 2006; Somerville et al., 2004;
Taylor and Turner, 2007; Wightman and Turner, 2010). In this arti-
cle, we attempt to provide the reader with an up to date summary
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CESA proteins, their role in forming the cellulose synthase complex
(CSC) and the relationship between the CSC and the basic unit of
plant cellulose the microﬁbril (CMF).2. Cellulose and cellulose microﬁbrils
Cellulose is a polysaccharide consisting of b-1,4-linked glucose
chains. These chains are then packed into highly ordered cellulose
crystallites in which all chains lie in the same (parallel) direction.
In plant cells, most of the cellulose occurs in the form of CMFs that
are largely crystalline with some amorphous (non-crystalline)
regions. Diameter of CMFs varies from species to species. The
elementary ﬁbril model for cellulose packing suggests that the
higher order structure of cellulose consist of basic repeating units,
the elementary ﬁbrils. Each elementary ﬁbril is synthesised by one
CSC unit thus linking the number of chains in an elementary ﬁbril
and number of catalytic subunits or cellulose synthase (CESA) pro-
teins in a CSC particle. Herth (1985) suggested a 36-chain model.
This model has remained widely cited (Delmer, 1999), However,
recent studies provide good evidence for an alternative structures.
Calculations of the predicted cross sectional area of a 36-chain MF
are too large to agree with recent experimental data (Jarvis, 2013).
Analysis of spruce wood cellulose using both wide-angled X-ray
scattering (WAXS) and small angle neutron scattering (SANS) to
look at MF size, coupled with various NMR and FTIR techniques
to measure the ratio of surface exposed to internal chains, are most
consistent with a 24-chain MF (Fernandes et al., 2011). The authors
point that while only some of the data is consistent with an 18
chain model coated with hemicellulose; the data was a good ﬁt
for 18 chain MF in which 2 adjacent MF associated along a
proportion of their length. Newman et al. (2013) used mung bean
microﬁbrils, which had earlier been shown to give excellent NMR
signals, for small-angled X-ray scattering (SAXS) analysis. To
ensure that no CMF aggregation occurred during preparation, other
cell wall polymers were not extracted from the sample. By compar-
ing experimental SAXS spectra with computer-simulations of MF
with variable chain numbers and degree of disorder, Newman
et al. (2013) showed that the data best ﬁt an 18 chain MF, although
a 24 chain MF could not be ruled out. All these observations are
consistent with 18–24 chains per CMF (Fernandes et al., 2011;
Kennedy et al., 2007; Newman et al., 2013; Thomas et al., 2013).
Both of these studies make certain assumptions, but provide the
best available experimental data to suggest that the plant MF
contains 18–24 chains and not 36 as has been widely believed.3. The CSC
CSCs were visualised by electron microscopy as early as 1972
(Dobberst and Kiermaye, 1972). The complexes were described
as globular particles transported to the plasma membrane in ‘‘ﬂat
vesicles’’. These particles were ﬁrst implicated in cellulose biosyn-
thesis in the green alga Micrasterias denticulata. Brown and
Montezinos (1976) frequently found CSCs attached to the end of
CMFs and therefore named them terminal complexes (TCs). TCs
were mainly seen as linearly ordered particles until Mueller and
Brown (1980) described a rosette-shaped structure associated with
TCs in freeze-fractured samples of higher plants. These hexameric
rosette particles consisted of six lobes with 6-fold symmetry.
Rosettes were subsequently described from several different spe-
cies and associated with CMF (Chapman and Staehelin, 1985;
Giddings et al., 1980; Haigler and Brown, 1986; Herth and
Weber, 1984; Hogetsu, 1983; Juniper et al., 1981; Schneider and
Herth, 1986). Analysis of the temperature sensitive radially swelling
1 (rsw1) mutant provided direct evidence for the involvement ofrosettes in cellulose synthesis. At the restrictive temperature,
rsw1 plants exhibit decreased cellulose which is correlated with
a loss of rosettes from the plasma membrane (Arioli et al., 1998).
One important observation worth noting is that, while there is
good evidence to link rosettes with cellulose synthesis, there are
many systems, such as cotton ﬁbres, in which rosettes have not
been observed. This might partly reﬂect an absence of experimen-
tation, but it is also possible that there are circumstances in which
plants make different kinds of cellulose that maybe synthesised by
enzyme complexes other than rosettes (see below). Furthermore,
while cellulose is largely made at the plasma membrane, in some
circumstances, such as cell plate formation, cellulose appears to
be made within the tubulo-vesicular membrane network during
cell plate formation and precedes formation of the new plasma
(Miart et al., 2014).4. Cellulose synthase activity
Because of the biological and economic importance of cellulose,
attempts have been made to purify the intact complex from plants
and achieve in vitro cellulose biosynthesis. This has proved extre-
mely difﬁcult to achieve. One of the main problems arises from
the fact that the detergent-solubilised protein extracts from plants
frequently synthesise both b-1,4 glucan (cellulose) and very large
amounts of b-1,3 glucan (callose), and it has proved difﬁcult to sep-
arate the two activities. A report from Lai-Kee-Him et al. (2002)
demonstrated clear cellulose synthase activity in solubilised
extracts; however, this activity was lost as soon as puriﬁcation
was attempted.
While purifying a functional CSC from plants remains problem-
atic, some useful information can be gained from recent break-
throughs in the study of cellulose synthase activity in bacteria.
Bacterial cellulose synthesis (Bcs) genes were ﬁrst characterised
more than 20 years ago (Saxena et al., 1990; Wong et al., 1990).
The molecular biology of Bcs proteins has previously been
reviewed by Romling (2002). Essentially, the Bcs operon encodes
at least 3 proteins. BcsA (also known as celA, acsAB) is an integral
membrane protein that contains the catalytic domain and forms a
trans-membrane (TM) pore across the inner membrane. BcsB (also
known as celB) is a periplasmic protein anchored to the plasma
membrane (PM) via a single TM domain. BcsZ (also known as celC)
has been shown to encode a cellulase which is required for cellu-
lose biosynthesis. Other bacterial genes implicated in cellulose bio-
synthesis include BcsC, BcsD, Ccp and CelDE.
The demonstration that bacterial proteins (BcsA and BcsB) are
sufﬁcient for in vitro cellulose biosynthesis when heterologously
expressed in Escherichia coli has brought real clarity to this area
(Omadjela et al., 2013). The authors were able to demonstrate a
requirement for UDP-glucose as a substrate, but no requirement
for any lipid linked intermediates as has been shown for some gly-
cosyltransferases (Matthysse et al., 1995). The puriﬁed complex of
BscA/B was able to generate chains with a degree of polymerisation
(DP) of 200–300 and at a rate that might be up to 10 of that
observed in plants. This supports an idea that the assembly of indi-
vidual chains into a higher order structure maybe the rate limiting
step for cellulose synthesis in plants. Since no other energy source
was added to the assay, this work also demonstrates that the
energy to drive the growing cellulose chain through the membrane
pore must come from polymerisation of UDP-glucose.
Cellulose synthesis from puriﬁed BscA/B also exhibits no
requirement for a primer for chain initiation (Omadjela et al.,
2013). An early report that a sitosterol glucoside (SG) is required
as a primer for cellulose synthesis (Peng et al., 2002) has been hard
to unambiguously substantiate. Several sterol mutants are cellu-
lose deﬁcient, but there is no correlation between sitosterol levels
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are synthesised by UDP-glucose: sterol glycosyltransferase that is
encoded by two genes in Arabidopsis. A double mutant caused
by insertion in both of these genes exhibited dramatically
decreased SG levels and a variety of phenotypic abnormalities,
but cell wall composition and particularly cellulose levels appear
to be unaffected (DeBolt et al., 2009). This double mutant still con-
tains trace amounts of SG that are presumed to be synthesized by
another pathway (DeBolt et al., 2009). So while this work alone
may not constitute deﬁnitive proof of no requirement for SG in cel-
lulose synthesis, it is consistent with the bacterial system where
SG is not required.
Insight into why purifying the plant cellulose synthase complex
is so problematic may come from the role of BcsB in bacterial cel-
lulose synthesis. Omadjela et al. (2013) point out that although
BcsB is a multi-domain protein, cellulose synthase activity only
requires a small portion that includes the membrane helices. There
appears to be an essential role for these helices in stabilising the
structure of BcsA (Morgan et al., 2013). The authors speculate that
if CESA proteins require a similar partner that is loosely bound and
lost upon puriﬁcation this may explain our inability to purify
cellulose synthase from plants.
While there is agreement that the plant enzyme uses UDP-
glucose to make cellulose, the source of this UDP-glucose has
been the source of some controversy. Localisation and activity
studies in cotton ﬁbres led to the suggestion that sucrose syn-
thase (SuSy) was not only the source of UDP-glucose for cellu-
lose synthesis but that direct association with CSCs allowed
SuSy to channel UDP-glucose directly into cellulose (Amor
et al., 1995). In an attempt to address the role of SuSy in cellu-
lose synthesis directly, Barratt et al. (2009) used a genetic
approach in Arabidopsis. In Arabidopsis SuSy is encoded by a
small gene family of 6 genes, SUS1-6. Two of these genes are
phloem-speciﬁc and mutating them results in interesting defects
in callose deposition on the sieve plates, but has no effect on cel-
lulose synthesis. Quadruple mutants in SUS1–SUS4 exhibited
dramatically reduced SuSy activity in leaves and stems, but
had little effect on the plants and no apparent cellulose defect.
In contrast, mutants in two related cytosolic invertase genes
had a dramatic effect on plant growth. While these results ques-
tion the role of SuSy in cellulose synthesis, a subsequent publi-
cation has argued that an improved SuSy activity assay
demonstrated sufﬁcient activity remaining in the leaves of
SUS1–SUS4 quadruple mutant to support normal levels of cellu-
lose synthesis (Baroja-Fernandez et al., 2012a,b). Whatever the
controversies regarding the method for assaying SuSy activity,
any interpretation must account for the fact that the only
remaining forms of SuSy in the quadruple mutant are speciﬁcally
phloem localised. To account for this discrepancy, Baroja-
Fernandez et al. (2012b) suggest that sucrose synthase activity
may arise from proteins other than SuSy.
There is circumstantial evidence to suggest SuSy does play
some role in cellulose synthesis. It is highly upregulated during
tension wood formation when large amounts of cellulose are syn-
thesized. Furthermore, overexpression of SuSy in poplar resulted in
wood with thicker secondary cell walls as a result of increased cel-
lulose deposition (Andersson-Gunneras et al., 2006; Coleman et al.,
2009). So while the idea of direct channelling from SuSy into
cellulose may not be widely applicable, it remains likely that SuSy
contributes to providing UDP-glucose in some, if not all,
circumstances.
5. CESA genes and proteins
Two seminal publications in the 1990s were the ﬁrst to identify
CesA genes of vascular plants (Arioli et al., 1998; Pear et al., 1996).Pear et al. (1996) identiﬁed two ESTs from cotton and rice based on
similarity to bacterial BcsA gene; these higher plant genes deﬁned
what is now known as the CesA gene family. Clear evidence that
CESA proteins were involved in cellulose synthesis came from
the work of Arioli et al. (1998) who demonstrated that the cellulose
deﬁcient phenotype of rsw1 resulted from a single amino acid
change (A–V) in AtCESA1. The connection between CESA proteins
and cellulose synthesis was further strengthened by immuno-gold
localisation of CESA proteins to rosettes in freeze fractured mem-
branes (Kimura et al., 1999). The completion of the Arabidopsis
genome offered an opportunity for a comprehensive cataloguing
of all CesA genes, and 10 different CesAs were identiﬁed in this
model species (Richmond, 2000; Richmond and Somerville, 2000).
With the advent of genomic era, more and more genome
sequences are released every year allowing comprehensive survey
of CesA genes from these species. Phylogenetic trees with all CESAs
from many species have been published in several reports (e.g.
Carroll and Specht, 2011; Kumar et al., 2009). Broadly speaking,
all higher plant CESAs can be placed into 6 groups (Fig. S1).
Excellent progress has been made in understanding the roles of dif-
ferent members of the Arabidopsis CESA protein family. AtCESA4,
AtCESA7 and AtCESA8 have been demonstrated to be essential
for cellulose biosynthesis in secondary cell walls (SCW) (Taylor
et al., 2000, 1999; Turner and Somerville, 1997). These three
SCW CesAs genes are co-expressed and the proteins all form part
of same complex (Taylor et al., 2003; Timmers et al., 2009). Pri-
mary cell wall (PCW) cellulose is synthesised by AtCESA1, AtCESA3
and AtCESA6 (Arioli et al., 1998; Fagard et al., 2000; Scheible et al.,
2001). The expression patterns of PCW CesAs are much less well
correlated with each other than those of the SCW. Moreover,
AtCesA6 is partially redundant with AtCesA2, 5 and 9 (Desprez
et al., 2007; Persson et al., 2007). The biological role of AtCesA10
remains unclear.
Although the model suggesting 3 different CESAs for the SCW
(4, 7 and 8) and 3 different CESAs for the PCW (1, 3 and one or more
of 6/2/5/9) remains widely accepted, there do appear to be some
circumstances in which the three-isoform-per-CSC model does
not hold. Seed coat mucilage has become a good model for some
aspects of cell wall formation including cellulose (Haughn and
Western, 2012). Genetic analysis has demonstrated that CesA2, 5
and 9 are required for deposition of cellulose into a secondary wall
that thickens the radial wall of the seed coat, however CesA5
appears to have an additional role in forming threads of cellulose
that pass through the mucilage and are essential for its adherence
to the seed after release (Harpaz-Saad et al., 2011; Mendu et al.,
2011; Stork et al., 2010). No other CesA has been identiﬁed to have
a role in this process, indicating that this particular context, cellu-
lose might be synthesised slightly differently. Similarly, during the
switch to tension wood formation, the expression levels of the
three SCW CesAs are not correlated anymore. One possibility might
be that a CSC with three different types of CESAs may only be
required in a system where the cellulose synthesising rosette
moves through the plasma membrane. In other systems this may
not be the case, thus negating the requirement for more than
one type of CESA protein.
Recently, there have been some reports of functional overlap of
the PCW and the SCW CESA proteins. Carroll et al. (2012) reported
that the SCW CesA7 can partly rescue the phenotypes of a weak
allele of cesa3. In these plants containing a hybrid CSC, the velocity
of the complex appeared to be faster than the PCW complex
(Carroll et al., 2012). Conversely, the defects in SCW cesa8 mutant
were partly complemented by introduction of PCW CesA1. Second-
ary cell wall synthesis in trichomes, however, apparently does not
require CESA4, 7 and 8, but does require CESA proteins that are
typically associated with primary cell wall biosynthesis. Conse-
quently while it seems that CESA4, 7 and 8 are required for most,
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types may use different CESAs to make their secondary cell walls
(Betancur et al., 2010).
How these CESA proteins are organised and interact within the
CSC is far from clear. A prevalent model for CSC of 6  6 = 36 CESA
proteins per rosette has been repeated in numerous review articles
(e.g. Doblin et al., 2002; Mutwil et al., 2008). With recent progress
made in the ﬁeld of CMF structure and the biochemistry, cell biol-
ogy and genomics of the CSC, new models will have to take into
account that (1) the rosette has a 6-fold symmetry; (2) recent
experimental data showing that the number of polysaccharide
chains in a CMF is probably between 18 and 24; and (3) that there
are 3 different types of CESA proteins in the complex. A 1:1:1 stoi-
chiometry of the three CESA types is frequently assumed although
there is no direct experimental evidence to support this. Given theA
B
Fig. 1. Schematic representation of the plant and bacterial cellulose synthase. (A) Pla
proportional to the size and joined by connectors of arbitrary length. Plant CesA proteins
These TM regions ﬂank the central catalytic domain. The N terminal region upstream of
variable region (VR1). Downstream of TM3-8 there is a very short C terminus (CT). The ce
by conserved regions CR1 and CR2. BcsA has its TMs arranged in clusters of 4 + 4. These
terminal PilZ domain which does not have any homologous sequences in plants. The Bac
lacks the two plant speciﬁc regions called Plant-Conserved Region (P-CR) and class speciﬁ
constitutes all of VR2 (red hatched region) and beginning of CR2 (short green hatched rassumptions that one CSC particle makes a single MF and that one
catalytic subunits synthesises a single cellulose chain and is active
for most of the time a CSC (rosette) would contain 3–4 catalytic
subunits in each of the 6 lobes. A representation of how this might
work to ﬁt the 18-chain CMF, a model has been described by
Newman et al. (2013).
6. Structural domains of CESA proteins
A generalised cartoon structure of plant and bacterial CESA pro-
teins is depicted in Fig. 1a and b. In plants there are 2 TMs towards
the N terminus of the protein and 6 TMs close to the C terminus.
Between these two clusters of TMs lies the so-called ‘‘central cyto-
plasmic domain’’ which contains the glycosyl transferase (GT)
domain. A comparison of bacterial and plant CESAs reveals twont CesA proteins. (B) Bacterial CesA protein, BcsA. Domain are shown as blocks
can be divided up into 9 domains. Two TM regions contains 2 and 6 TM helices each.
TM1-2 contains a short N terminus (NT), a conserved zinc ﬁnger domain (ZN) and a
ntral catalytic domain contains variable region (VR2) which on either side is ﬂanked
clusters separate the central GT core from a very short N terminus and a large C-
terial catalytic domain is signiﬁcantly shorter than that of plants, mainly because it
c region (CSR). P-CR lies in the middle of CR1 (large green hatched region) while CSR
egion).
Fig. 2. A comparison of BcsA and GhCESA1 3D structure. PDB ﬁles for RsBcsA/B
(4hg6a) from and GhCESA1 (sd01) were obtained from Morgan et al. 2013 and
Sethaphong et al., 2013, respectively. Two structures were aligned in pymol and
displayed as a surface/cartoon/sphere representation. BcsB was removed from
structure; BcsA is shown as surface representation in grey except the helices a2/a3
(amino acid residues 182–213 of BcsA) which are shown as red cartoon represen-
tation. The glucan chain is shown as cyan sphere representation. For GhCesA1, the
GT core is shown as green surface representation. Two plant speciﬁc regions P-CR
and CSR are shown as light pink and blue cartoon ribbons, respectively. The a4 helix
and surrounding region in the middle of P-CR (amino acid residues 334–365 of
GhCesA1) that maps well to RsBcsA a2/a3 is shown as magenta.
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BcsA. The ﬁrst of these regions is highly conserved among all plant
CESAs and has been termed plant-speciﬁc conserved region (P-CR)
(Pear et al., 1996). The second of these regions is composed of
another plant speciﬁc conserved region and a plant speciﬁc
hyper-variable region (HVR) (Delmer, 1999) that together have
come to be known as the class speciﬁc region (CSR) (Vergara and
Carpita, 2001). Detailed phylogenetic analysis, however, has
revealed that the CSR is only one of ﬁve regions found throughout
the CESA gene that confer class speciﬁcity (Carroll and Specht,
2011). In plants, the CSR sits in the middle of GT domain with
the conserved regions on either side (Fig. 1a).
A comparison of the plant CESA with bacterial BcsA show that
BcsA has almost no N-terminal region upstream of the ﬁrst TM
sequences while plant CESAs have an N terminal region 160–260
amino acids long (Fig. 1a and b and S2). This region can be structur-
ally divided into 3 domains. There is a 50 amino acid long zinc ﬁn-
ger with 8 highly conserved cysteines preceded by a region of 8–38
amino acids (NT). Immediately C-terminal of the zinc ﬁnger, there
is a variable region (VR1) (Fig. 1a). Plant CESAs have a short, 17–21
amino acids long cytoplasmic C terminus (CT) with no recognisable
motifs or domains, while the C-terminus of bacterial CESAs
contains a 208 amino acid long PilZ-domain that is believed to
be involved in regulation of the complex by c-di-GMP (Amikam
and Galperin, 2006). These differences mean that regions of homol-
ogy between CESA and BcsA proteins resides mainly within the
central catalytic GT domain.
The elucidation of the crystal structure of the bacterial RsBcsA
and RsBcsB protein complex together with a nascent glucose chain
has answered many basic question about cellulose synthesis
(Morgan et al., 2013). Furthermore, a predicted structure for the
central cytoplasmic domain of a plant CESA, GhCESA1 from cotton,
has been based on a template of 20 solved structures (Sethaphong
et al., 2013). Comparison of the bacterial and plant structures sug-
gests that the bacterial and plant proteins are sufﬁciently similar
that the basic catalytic mechanism is likely to be largely conserved
(Fig. S2). Although there is only weak sequence similarity between
the bacterial and plant CESAs; important structural motifs are con-
served, especially in the large cytoplasmic GT domain. In particular
the previously identiﬁed four U boxes (Pear et al., 1996) are
absolutely conserved and are also shared with other processive gly-
cosyl transferases such as chitin and hyaluronan synthases
(Merzendorfer, 2006; Weigel and DeAngelis, 2007). The aspartates
residues in the ﬁrst two U Boxes are responsible for coordinating
UDP while the one in the third U Box is part of an invariant TED
motif located close to the non-reducing end of glucan chain. The lat-
ter is in all likelihood involved in the catalysis of GT reaction. The
fourth U box (QxxRWmotif) is the binding site for the acceptormol-
ecule, the terminal disaccharide of the glucan chain. Another con-
served motif (QTPH in RsBcsA) is involved in positioning of the
non-reducing end relative to the catalytic site (Morgan et al., 2013).
A computer prediction of the structure of cotton GhCESA1 based
upon 20 known structures that included several glycosyltransfer-
ases, but not that of RsBcsA was recently described (Sethaphong
et al., 2013). One of the features of this model is the remarkable
similarity in the structure of the catalytic domains of GhCESA1
and BcsA (Fig. 2) making it very likely that the lessons learnt from
BcsA will be applicable to the plant CESA proteins as well. The
structure of BcsA has resolved many long standing questions about
plant cellulose synthesis. In particular, it shows that there is only a
single catalytic site with enough space for the most recently added
glucose unit to rotate sufﬁciently and achieve the 180 rotation
between adjacent glucose units (Morgan et al., 2013) without the
need for a second catalytic or substrate binding site as had been
previously suggested (Carpita, 2011; Saxena et al., 1995). The posi-
tion of what is interpreted as a weakly bound UDP is consistentwith addition at the non-reducing end of the growing chain
(Morgan et al., 2013).
During the preparation of this manuscript, a paper detailing the
comparison of the empirical bacterial with the predicted plant
structure was published and raised a number of excellent
questions, including those about CESA topology (Slabaugh et al.,
2014). Parts of the TM5 and TM6 domains of plant CESAs and the
predicted apoplastic loop connecting them show similarity with
important regions of the BcsA sequence that reside within the
bacterial cytoplasm (Slabaugh et al., 2014).
The structure and function of the two plant speciﬁc regions,
P-CR and CSR, is arguably one of the most interesting features. In
the GhCESA1 model, it is predicted that they both loop away from
the GT core making it likely they are involved in interactions
between CESA proteins that are likely to be required for assembly
into a larger complex (Sethaphong et al., 2013). Although the
sequence similarity is weak, there is a region within the plant CESA
P-CR sequence which aligns with the bacterial BcsA sequence. In
particular, helices a2 and a3 of the bacterial structure show simi-
larity to the a4 region of GhCESA1 (Morgan et al., 2013;
Sethaphong et al., 2013, Fig. 2, S2). In the predicted structure of
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loops away from the catalytic core. However, in the RsBcsA, the
corresponding region, helices a2 and a3 are located closer to the
UDP-glucose binding site (Fig. 2). If the a4 helix from GhCESA1
occupied a similar position to that of bacterial structure, the PCR
regions would be formed by two loops. Assuming these structures
really are homologous, it implies that the P-CR may have evolved
by two insertions either side of this helix. While this seems unli-
kely, the alternative is that the plant CESAs do not contain a struc-
ture analogous to the RsBcsA a2 and a3 helices that appear to form
an integral part of the plant structure.
A large number of mis-sense mutations have been identiﬁed in
CESA proteins, mainly in Arabidopsis. An overview of where they
are located in relation to the structural features of CESA proteins
gives us an idea about the functionally critical residues. An up to
date table of all known mutations of CESA proteins is compiled
in Table S1.Fig. 3. Comparison of the structures of the AtCesA7 Zn ﬁnger (PDB ID: 1WEO)
(orange) and E3 ubiquitin-protein ligase, RAD18 (PDB ID: 2Y43) (cyan). The
alignment was performed with javamol embedded at http://www.rcsb.org/ using
default settings. A 7 amino acid insertion found in CESA7 is indicated by an arrow.7. Assembly of the CESA proteins
Immuno-localisation studies by Gardiner et al. (2003)
demonstrated that when one of the three CESAs required for
SCW cellulose biosynthesis was absent, the remaining two CESAs
apparently did not localise to the plasma membrane and were
retained within ER. The authors argue that many other com-
plexes similarly require correct assembly before ER exit, e. g. epi-
thelial sodium channels in Xenopus oocytes (Valentijn et al.,
1998) and class-C L-type calcium channels (Gao et al., 1999).
There has been a showing rosettes within the ER (Rudolph,
1987). While rosettes in the ER appear rare, it may reﬂect the
fact that ER assembly may only be a small portion of the life
time of the rosette compared to the extensive intracellular traf-
ﬁcking of the CESA between the Golgi, plasma membrane and
other intracellular compartments.
Attempts to purify CSC using a dual tag approach in which
different tags were attached to different CESA proteins failed to
identify anything likely to correspond to a full-sized complex. Pro-
tein complexes of a size consistent with CESA dimers, tetramers
and hexamers, but not CESA trimers and pentamers, were detected
(Atanassov et al., 2009). Furthermore, in the absence of either
CESA4, 7 or 8, the two remaining CESA proteins appear to form
only dimers and no higher order multimers, suggesting dimeriza-
tion of CESA proteins prior to assembly into higher-order struc-
tures. There is no direct evidence whether these dimers are
homo- or heterodimers, but analysis of CESA proteins using a split
ubiquitin screen in yeast and bimolecular ﬂuorescence comple-
mentation suggests that only CESA4 was able to homodimerise
while CESA4, 7 and 8 formed heterodimers in all combinations
(Timmers et al., 2009). If correct, the assembly of CESA proteins
into dimer, tetramers and hexamers is hard to reconcile with a
simple rosette composed of 18 CESA proteins as has been
suggested (Newman et al., 2013).
The study of Timmers et al. (2009) also called into question the
role of the N-terminal Zn-ring. Studies of isolated Zn ring from
GhCESA1 suggested that the cysteines within the zinc rings were
able to form CESA dimers by oxidative cross-linking (Kurek et al.,
2002). However dimerization of AtCESA7, 8 and 9 can occur inde-
pendently of the zinc ring (Timmers et al., 2009). The structure of
the zinc ring of CESA7 has been solved by NMR (PDB ID: 1WEO,
http://www.rcsb.org). Most known zinc ring proteins are ubiquitin
E3 ligases that catalyse the transfer of ubiquitin from the E2 sub-
unit onto its target. Overlaying the structure the CESA7 Zn ring
(1WEO) with a known ubiquitin E3 ligases (2Y43, RAD18) shows
remarkably similarities (Fig. 3). Most, but not all zinc rings are
known to function in ubiquitination, and it is likely the zinc ringof CESAs might catalyse a similar reaction (Deshaies and Joazeiro,
2009).8. Trafﬁcking of CSC
Live cells imaging Arabidopsis CESA protein fusions has dramat-
ically advanced our understanding of both movement of the CSC
during cellulose synthesis and its trafﬁcking around the cell. To
date, ﬂuorescent fusion proteins with AtCESA7 (Gardiner et al.,
2003; Wightman et al., 2009; Wightman and Turner, 2008),
AtCESA6 (Paredez et al., 2006), AtCESA3 (Desprez et al., 2007)
and AtCESA5 (Bischoff et al., 2011) have all been reported to retain
their function. CSC particles have been frequently localised to the
plasma membrane where they move bi-directionally. CSC in
primary cell walls were estimated to move at a speed of 270–
350 nm/min (Bischoff et al., 2011; Desprez et al., 2007; Paredez
et al., 2006). In secondary cell walls, CESA proteins were reported
to move at a much faster speed (about 1000-fold) of 7 lm/s. How-
ever, problems imaging CESA proteins during secondary cell wall
formation makes it hard to unambiguously identify whether the
rosettes are at the plasma membrane (Wightman et al., 2009). In
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abundant in doughnut-shaped structures likely representing the
peripheral Golgi (Wightman and Turner, 2010). During primary
cell wall formation the CESA proteins also reside with novel small
vesicular compartments termed either SmaCCs (Small CESA
Compartments) or MASCs (Microtubule Associated Cellulose Syn-
thase Compartments). These small compartments apparently serve
as delivery vehicles for transfer of CSCs from Golgi to plasma
membrane and function in recycling CESA proteins from the
plasma membrane (Crowell et al., 2009; Gutierrez et al., 2009).
The relationship between the cytoskeleton (microtubules and
actin) and CSC localisation and movement has been the subject
of much research. There is generally a co-alignment of microtu-
bules (MT) and CMFs, and in the long-standing ‘‘alignment hypoth-
esis’’ (Baskin, 2001) argues that MTs guide the CSCs in the PM.
However, there are observations inconsistent with this model, for
example the fact that after de-stabilisation and stabilisation of
MTs by short treatments with oryzalin and taxol respectively, the
orientation of CMFs seems unaffected (Baskin, 2001; Sugimoto
et al., 2003). On the other hand, Paredez et al. (2006) provided
the most deﬁnitive evidence that in Arabidopsis MTs lay out tracks
for cellulose biosynthesis by demonstrating co-localisation of CSCs
with MTs. In addition, disruption of MT arrays with oryzalin led to
a change in CSC dynamics. Paredez et al. (2006) also showed that
CSCs moved beyond the end of MTs, indicating that the force for
CSC movement was probably not provided by MTs. In SCWs
though, MTs seem absolutely essential as oryzalin treatment
results in loss of the banding pattern characteristic for SCW CSC
(Gardiner et al., 2003; Wightman and Turner, 2008). Conversely,
there is evidence to suggest that CSCs may affect the orientation
of MTs (Fisher and Cyr, 1998; Himmelspach et al., 2003; Lazzaro
et al., 2003; Paredez et al., 2008) in PCWs. However, this is not
the case in SCWs as MTs are unaffected in the irx3-1 (atcesa7)
mutant which lacks CSCs at the plasma membrane (Gardiner
et al., 2003). The discovery of the cellulose synthase interacting 1
(CSI1) protein provides a more direct evidence of CSC/MT interac-
tion. CSI1 binds directly to both CESAs and MTs (Li et al., 2012).
Since CSI1 binds to the catalytic domain of CESA, it may contribute
to regulation of CSC activity in addition to its role in guiding CSCs
along MTs (Bringmann et al., 2012).
The role of the actin cytoskeleton in cellulose biosynthesis is
much less studied, but is clearly important (Sampathkumar et al.,
2013; Wightman and Turner, 2008). It has been proposed that
actin ﬁlaments (AFs) can regulate the delivery of CSC to the PM.
Perturbation of the actin cytoskeleton by either genetic (act2act7
double mutants) or chemical means (latrunculin B treatments)
led to reduced cellulose content in Arabidopsis primary cell walls.
Furthermore, live cell imaging analysis revealed that CESA-con-
taining vesicles were able to interact with both the actin and MT
cytoskeleton (Sampathkumar et al., 2013). A role for actin intracel-
lular trafﬁcking of CESA proteins has also been proposed during
secondary cell wall formation, where actin appears to be important
for guidance of the Golgi to sites of secondary cell wall deposition
(Wightman and Turner, 2008).
While there has been little progress in understanding how CSCs
make it to the PM, the process of CSC recycling via endocytosis
have been even less studied. There is indirect evidence to suggest
that clathrin mediated endocytosis (CME) is important for cellulose
biosynthesis. Two cellulose deﬁcient mutations, rsw9 (radially
swelling 9) and bc3 (brittle culm3) map to dynamin related proteins
AtDRP1A (Collings et al., 2008) and OsDRP2B (Xiong et al., 2010)
respectively, which play a signiﬁcant role in endocytosis. More
direct evidence comes from studies on l2, a protein ﬁrst identiﬁed
as an AtCESA6 interactor (Gu et al., 2010). Mutant plants lacking l2
show phenotypes similar to Arabidopsis PCW CESA mutants
(Bashline et al., 2013). These mutants are also defective in endocy-tosis as judged by reduced internalisation of endocytosis marker
dye FM4-64. The l2 protein was localised to PM and it appears that
l2 and AtCESA6 are functionally associated at the PM where l2
affects the density of YFP-AtCESA6 particles. However, the velocity
of CSC and delivery rate of CSC to PM remain unaffected (Bashline
et al., 2013).9. Post-translational modiﬁcations of the CSC
Many CESA proteins have been shown to be phosphorylated
in vivo. A proteomics survey of plasma membrane phosphoproteins
revealed that AtCESA1, AtCESA3, and AtCESA5 proteins were phos-
phorylated at a number of sites clustered in the two variable
regions, VR1 and VR2 (Nuhse et al., 2004). Later, AtCESA4 and
AtCESA7 were shown to be phosphorylated in VR1 domain
(Taylor, 2007). Chen et al. (2010) investigated all known and
potential phosphorylation sites of AtCESA1 by generating phos-
pho-mimetic (ser/thr > glu) and non-phosphorylatable (ser/
thr > ala) mutants for S162, T165, T166, S167 (all located in VR1
region), S686, and S688 (both located in VR2 region). Phosphoryla-
tion of three sites (T166, S686, and S688) led to an increase in CESA
activity (inferred from root and hypocotyl lengths of Arabidopsis
seedlings) while other three (S162, T165 and S167) seemed to
reduce it.
Phosphorylation mutants of AtCESA1 (S162E, T165E, T166A,
S167E, S686A, and S688A) failed to complement the rsw1 mutant.
These lines also displayed an asymmetry in bi-directional move-
ment, whereas in WT plants CSCs move with similar velocities in
both directions. Moreover, disruption of microtubules with drugs
resulted in loss of this asymmetric movement, suggesting a phos-
phorylation-dependent interaction between CSCs and microtu-
bules (Chen et al., 2010).
The importance of N-glycosylation of CSC is evident from severe
developmental and cell wall defects of cellulose-deﬁcient cyt1
mutant. CYT1 encodes a mannose-1-phosphate guanylyltransfer-
ase, an enzyme required for N-glycan biosynthesis. It was proposed
that the severe cellulose deﬁciency of the cyt1 mutant resulted
from the absence of N-glycan addition (Lukowitz et al., 2001). Sim-
ilarly, the KNF, LEW3 and RSW3 gene products are involved in N-
glycan biosynthesis and perturbation of these genes leads to
defects in cellulose biosynthesis (Burn et al., 2002; Gillmor et al.,
2002; Zhang et al., 2009). However, peptide:N-glycosidase F (PNG-
ase) treatment assays of CESA proteins revealed that the CESA pro-
teins themselves are not glycosylated (Gillmor et al., 2002) even
though there are predicted glycosylation sites. This results suggest
either that changes in mobility caused by sugar addition to the
110Kd CESA are too small to be easily detected or that the cellu-
lose deﬁciency of glycosylation mutants is caused by a failure to
glycosylate other proteins required to make cellulose.10. Concluding remarks
Considerable progress has been made in the past two decades in
understanding the genetics of plant CESA proteins. However, bio-
chemical characterisation of the plant CSC remains elusive. Recent
advances in understanding bacterial cellulose synthesis and simi-
larities between the bacterial BcsA and plant CESA proteins have
helped to clarify many of the basic questions about how cellulose
is synthesised. This has been matched by improved methods for
measuring the size and structure of the plant microﬁbrils. While
all these methods require certain assumptions it seems that the
window is narrowing to the point where we may soon be able to
relate the structure of the plant CSC with the microﬁbrils it
synthesises.
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